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The growth andmigration of neurons require continuous remodelling of the neuronal cytoskeleton, providing
a versatile cellular framework for force generation and guided movement, in addition to structural support.
Actin filaments and microtubules are central to the dynamic action of the cytoskeleton and rapid advances
in imaging technologies are enabling ever more detailed visualisation of the dynamic intracellular networks
that they form. However, these filaments do not act individually and an expanding body of evidence empha-
sises the importance of actin–microtubule crosstalk in orchestrating cytoskeletal dynamics. Here, we sum-
marise our current understanding of the structure and dynamics of actin andmicrotubules in isolation, before
reviewing both the mechanisms and the molecular players involved in mediating actin–microtubule crosstalk
in neurons.Introduction
The neuronal cytoskeleton comprises three major classes of fila-
ment — F-actin, microtubules and neurofilaments — all of which
provide intrinsic structural support throughout neuronal devel-
opment. The cytoskeleton is crucial for establishing cellular
shape, compartmentalisation and polarity throughout the transi-
tion of spherical precursor cells into mature neurons with a
defined axon to send synaptic signals and a dendritic network
lined with dendritic spines to receive such signals [1–4]. To fully
appreciate the role of cytoskeletal filaments in neuronal pro-
cesses, ranging from cellular migration to intracellular trafficking,
and from axonal growth to dendritic branching, it is vital to
consider their dynamic properties and the myriad of cytoskel-
etal-associated and regulatory proteins. A range of mutations
in these core cytoskeletal filaments and their regulators result
in severe neurodevelopmental defects, while malfunctions in
adults contribute to many devastating neurological conditions
[5–9], underlining the importance of these proteins in the nervous
system.
In this review, wewill focus primarily on the dynamic regulation
of the neuronal cytoskeleton. Actin and microtubules dominate
the faster timescale dynamics of this system, particularly in high-
ly motile regions such as the axonal growth cone, where both
classes of filament can display half lives as short as 1–2 minutes
[10,11]. Therefore, we will not consider either neurofilaments or
septins (more recently proposed to represent a fourth cytoskel-
etal filament class [12]) in depth here, but readers interested in
the interplay of these two cytoskeletal components with actin
and/or microtubule networks, and their neuronal functions, are
referred to excellent recent reviews [7,12]. We will begin with a
brief overview of the types of structures adopted by actin and
microtubules within the neuronal cytoskeleton, including recent
insights gained from ‘super-resolution’ light microscopy. In the
following sections, we will consider the different mechanisms
regulating neuronal actin and microtubule dynamics, firstly con-
sidering each component in isolation, before exploring more
deeply the interconnection of the two systems. Fundamental
mechanisms of actin and microtubule network regulation haveCurrent Biology 25, R677–been derived from an extensive body of invaluable work in
motile, non-neuronal cell types and almost certainly share
many similarities to those utilised by the neuronal cytoskeleton
(considered in [13–17]); however, in this review we will primarily
highlight neuronal-specific work. Finally, we will conclude with
a brief comparison of actin–microtubule coordination in two
distinct neuronal compartments — the axonal growth cone and
dendritic spines.
Structure of the Neuronal Actin and Microtubule
Cytoskeleton
F-actin and microtubules are extended, dynamic polymers,
assembled from ATP-bound G-actin monomers (a single b-
and two g-actin isoforms dominate in brain tissues) and GTP-
bound a–b-tubulin heterodimers (formed from six a- and seven
b-isotypes), respectively (Figure 1) [1–4,18,19]. The unsymmetri-
cal nature of these subunits imparts polarity to actin and micro-
tubule filaments and for both filaments polymerisation occurs
primarily at one end — the barbed end of actin and the plus
end of microtubules [2,4,19,20]. Although spontaneous nucle-
ation of both actin and tubulin subunits is possible, these pro-
cesses have a high kinetic barrier and accessory proteins are uti-
lised by the cell to accelerate nucleation and to facilitate filament
polymerisation [21,22]. Actin nucleators are able to bind multiple
G-actin monomers and thereby regulate actin nucleation and
polymerisation processes, while either the g-tubulin ring com-
plex or microtubule fragments act as templates for the assembly
of a–b-tubulin heterodimers intomicrotubules [19,21]. The nucle-
otide turnover rate of actin or tubulin subunits after incorporation
into F-actin or microtubule filaments determines their intrinsic
stability and influences the dynamics of these polymers. How-
ever, a host of F-actin- or microtubule-binding proteins can act
to variously stabilise, destabilise, cap, sever, bundle and localise
filaments ([2,4,19,21] and considered in more detail in later Actin
Dynamics and Microtubule Dynamics sections).
The structures of single F-actin ormicrotubule filaments in vitro
have been determined to progressively higher resolutions using
predominantly cryo-electron microscopy [23,24]. The molecularR691, August 3, 2015 ª2015 Elsevier Ltd All rights reserved R677
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Figure 1. Actin and microtubule
polymerisation dynamics.
(A) Cartoon representation of actin treadmilling.
The addition of ATP-actin monomers to the barbed
end (+ end) of the actin filament is mediated
through profilin and barbed-end-bound elongating
factors such as formins. G-actin-sequestering
proteins like b-thymosin and barbed-end capping
proteins like Eps8 limit the polymerisation rate.
Upon incorporation into the actin filament, hydro-
lysis of the ATP-actin subunits takes place. ADP-
actin monomers or F-actin fragments are removed
from the pointed end (– end) of the filament by the
action of depolymerising or severing factors such
as cofilin. Finally, to complete the cycle, the de-
tached actin can exchange its ADP for ATP and
be recruited once more to the growing filament
barbed end. (B) Cartoon representation of micro-
tubule growth and catastrophe. For a growing
microtubule (left), polymerisation occurs most
rapidly at the plus (+) end through the addition and
removal of a–b-tubulin heterodimers. After incor-
poration into the microtubule filament, hydrolysis
of the b-tubulin-bound GTP takes place. End-
binding (EB) proteins can transiently bind to the
plus end, influencing polymerisation dynamics
both directly and indirectly by recruiting other
important regulatory +TIPs. For uncapped fila-
ments, slow polymerisation and depolymerisation
can also take place at the microtubule minus (–)
end, most likely through similar mechanisms as
those occurring at the plus end. A reduction in the
concentration of free a–b-tubulin heterodimers, for
example due to stathmin-mediated sequestration,
is one way in which microtubule catastrophe may
be induced (right), leading to filament shrinkage.
The disordered carboxy-terminal tails of a- and b-tubulin are illustrated for a small boxed section of the polymer (but are actually present along the whole length of
the filament), to illustrate the impact that post-translational modification of the tubulin tails may have upon microtubule surface properties.
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monomers/oligomers into thesemaps has subsequently allowed
the building of pseudo-atomic resolution filament models. Such
approaches have been used to provide important mechanistic
insights, for example concerning the conformation changes
induced within microtubule filaments upon GTP hydrolysis,
drug binding or the association of individual binding proteins
[23,25].
Higher-order neuronal microtubule and actin assemblies were
visualised in fixed and stained samples by electron or lightmicro-
scopy several decades ago (a taster of this large body of early
literature can be found in [26,27]). At the tips of growing neurites,
predominantly at the axon terminus, the dynamic ‘growth cone’
was shown to be enriched in actin (Figure 2A) [26]. Later work re-
vealed that, within this distinctive structure, bundles of F-actin fil-
aments radiated from a central region (C-domain) of the growth
cone towards the cell periphery (P-domain), forming filopodia-
like protrusions that were connected by lamellipodial actin
meshes or nets [28]. Bundled microtubules from the axonal shaft
extended into the C-domain of the growth cone, but relatively
few single microtubules protruded further into the P-domain
[29]. Neurite shafts extending from the neuronal cell body were
largely composed of extendedmicrotubule bundles. While those
in the axon were almost exclusively oriented with their plus
ends directed away from the cell body, dendritic bundles prox-
imal to the cell body adopted more mixed polarities
(Figure 2B,C) [30]. This contrasting arrangement of shaft micro-
tubules establishes either uni- or bi-directional movement ofR678 Current Biology 25, R677–R691, August 3, 2015 ª2015 Elseviespecific microtubule-based motors, and hence the directionality
of cargo transport in axons compared with dendrites [31]. Along
the dendrites of mature neurons in fixed rat cerebellar or mouse
hippocampal sections, dendritic spines were seen to be
enriched in actin filaments (Figure 2D,E) [32,33]: only recently
have dynamic microtubules been shown to enter these special-
ised compartments [34,35].
Fine actin architectures have proven challenging to study in
greater detail, due to F-actin’s small diameter (6 nm versus
25 nm formicrotubules), high density and sensitivity to extraction
and staining procedures [36]. Continued development of
electron microscopy technologies and improvements in
sample preparation methodologies have progressively led to
more detailed visualisation of the two predominant actin archi-
tectures — lamellipodia and filopodia — in both non-neuronal
and subsequently neuronal cells in culture [36–41]. Patches of
actin filaments have been visualised in several neuronal com-
partments, including the axon initial segment (AIS) and presyn-
aptic boutons, and have also been reported to represent precur-
sors of filopodia and branching points (Figure 2F) [42–45].
Dynamic actin waves, resembling waves observed in non-
neuronal cells, propagate along neurites often from the cell
body to the growth cone and can promote branching upon
engorgement of nascent filopodia [46]. Detailed studies of cyto-
skeletal architectures in the AIS have variously reported the pres-
ence of dense actin meshes, orientated actin filament tracks or a
sub-membranous coat containing only sparse actin filaments
[44,45,47]. Consequently, multiple models have been proposedr Ltd All rights reserved
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Figure 2. Actin and microtubule architectures observed in cultured neurons.
Cartoon representation of amammalian hippocampal neuron in vitro. Characteristic cytoskeletal structures (typical for a neuron after 2–3 weeks in culture, except
the separated axonal growth cone, which is prominent only in growing axons) are boxed and expanded views are provided. At the tip of the axon, the growth cone
(A), which may adopt numerous morphologies [57], mediates axonal elongation and guidance until a target cell is reached. In general, microtubules are restricted
to the central domain (C-domain, brown), though single, dynamic microtubules can protrude along radial F-actin bundles through the peripheral domain
(P-domain, pale yellow) and towards the cell edge. Branched actin meshworks bridge the radial F-actin bundles in the P-domain and actin, together with myosin
II, is enriched in the contractile arcs of the transition zone (T-domain, peach). While in axons the majority of microtubules are oriented with their plus end directed
away from the cell body (B), in dendritic shafts microtubules are of mixed polarity (C). Actin filaments are the predominant cytoskeletal components in both
dendritic filopodia-like structures (D) and mature dendritic spines (E, note that only a mushroom-shaped spine is illustrated here), though dynamic microtubules
may also enter. Actin patches present along neurites, in particular the axon, have been suggested to represent precursors of filopodia and branching points (F).
Along the shafts of axons and also a proportion of dendrites, cortical actin rings have been observed (G). While this article was in press, ‘actin hotspots’ lying
deeper within the axonal shaft have also been described (not depicted) [161]. These hotspots were seen to act as highly active sites for formin-dependent actin
polymerisation, generating both reterograde and anterograde dynamic ‘actin trails’. Axon initial segment (AIS), grey box.
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cargo trafficking [44,45,47].
The emergence of non-diffraction-limited light microscopy
techniques (coined super-resolution light microscopy or optical
nanoscopy) in recent years has enabled fluorescent cytoskeletal
markers to now be visualised in fixed and also living cells and tis-
sues, to resolutions approaching 20 nm and 60 nm, respectively
[48–50]. Perhaps the most striking cytoskeletal feature to be re-
vealed by both direct stochastic optical reconstruction micro-
scopy (dSTORM) and stimulated emission depletion (STED) im-
aging of cultured hippocampal neurons is the ring-like
arrangement of cortical actin encompassing the shaft along
the length of the axon, just below the cell membrane
(Figure 2G) [50–52]. These actin rings, observed after only
2 days in vitro and also in around a third of dendrites [53], display
a periodicity of approximately 190 nm, colocalise with the scaf-
folding protein adducin and are interspaced by the actin-cross-
linking protein bIV-spectrin [52]. These periodic structures have
additionally been reported in myelinated axons of peripheral ner-
vous system neurons, at the nodes of Ranvier [53]. Fluorescence
recovery after photobleaching (FRAP) experiments indicate thatCurrent Biology 25, R677–these ring networks are very stable frameworks, potentially of-
fering essential support along the shafts of long neurites [51];
however, their functionalities have yet to be fully established.
In addition to major advances in microscopy, new reagents
have also been developed to visualise both neuronal cytoskeletal
architectures and their dynamics within living cells, and impor-
tantly in live animals [50,54–56]. The axonal growth cone, as the
motile structure at the tip of the extending axon, has been a spe-
cial focus for the study of neuronal cytoskeletal dynamics. In
living tissue preparations and in vivo, growth cones can adopt a
variety of architectures, influenced by many factors, including
the extracellular environment, the rate of growth andguidance re-
quirements [57]. This emphasises the great value of using living
systems to visualise detailed cytoskeletal structures and to test
the cytoskeletal regulation mechanisms derived from extensive
analyses in two-dimensional primary neuronal cultures.
Actin Dynamics
A wide array of proteins converge to dynamically regulate actin
filaments within the neuronal growth cone [3,4]. Actin polymeri-
sation occurs close to the cell membrane, at the barbed endsR691, August 3, 2015 ª2015 Elsevier Ltd All rights reserved R679
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Figure 3. Modes of actin–microtubule
crosstalk.
Three major modes of actin–microtubule interac-
tion have been previously proposed [13]. (A)
Forces generated by the actin-polymerisation
treadmill and actomyosin contractility regulate
microtubule protrusion into the growth cone P-
domain. Actin polymerisation occurs at the growth
cone edge (1), where growing F-actin bundles or
meshes exert a pushing force on the plasma
membrane (2). Actomyosin arcs in the T-domain (3)
contract actin structures of the P-domain, pro-
moting their disassembly (4) and generating a
strong rearward actin retrograde flow (5). Com-
pleting the cycle, G-actin recycled in the T-domain
is translocated back towards the cell edge to refuel
actin polymerisation (1). (B) F-actin bundles can
guide polymerising microtubules, for instance in
the growth cone P-domain. Molecules capable of
crosslinking the two filaments are still emerging.
Dynamic and transient +TIP complexes most likely
mediate initial contacts between microtubule plus
ends and actin filaments (i), while more stable in-
teractions between the microtubule lattice and
actin filaments, through single protein (ii), protein
complex (iii) or motor-protein-containing cross-
linkers (iv), prolong the association. (C) Microtu-
bule exploration of adhesion sites is facilitated
after coupling of cell-adhesion molecules (CAMs),
such as NCAM and N-cadherin, with the actin
network and a resulting attenuation of retrograde
flow (1) [81]. The association of +TIPs or dynein
either directly or indirectly with the actin cortex
can lead to microtubule capture at the cell edge
(2) [143,144]. Symbols are listed in the figure
key, otherwise colouring as for Figure 1: brown
area, growth cone C-domain; peach area, growth
cone T-domain; pale yellow area, growth cone
P-domain.
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ing lamellipodial meshworks (Figure 3A). Three classes of actin
nucleation factor mediate this process; formins, the Arp2/3 com-
plex and tandem-monomer-binding nucleators [21]. Formins
bind to F-actin barbed ends via their dimeric formin homology
2 (FH2) domains, protecting the growing ends from capping
proteins and depolymerisation events, while the FH1 domains
of formins recruit profilin-bound or monomeric actin, facilitating
nucleation and subsequent filament elongation [58]. Work in
Drosophila has emphasised the importance of the Dishevelled-
associated activator of morphogenesis (DAAM) formin subfamily
for filopodia formation in growth cones and consequently for
axon growth [59]. Upon interaction with membrane-associated
activators, such as Wiskott–Aldrich syndrome protein (WASP)
and WASP-family verprolin-homologous protein (WAVE) family
members, the Arp2/3 complex binds to the side of pre-existing
F-actin filaments to mediate the formation of actin branches at
a characteristic 70 angle [21,60]. As the only known regulator
of actin branching, Arp2/3 is essential for the formation of lamel-
lipodia and branched actin networks, such as those connecting
filopodia in the growth cone [37,61]. Acute Arp2/3 inhibition with
small-molecule compounds leads to the retraction of protrusive
lamellipodial veils in the growth cones of cultured neurons [61],
while either extended drug treatments, or RNAi knockdown of
individual Arp2/3 subunits, reduces axonal outgrowth [37,62].R680 Current Biology 25, R677–R691, August 3, 2015 ª2015 ElsevieFinally, tandem-monomer-binding nucleators, such as Spire
and Cordon-bleu, contain multiple WASP homology 2 (WH2) do-
mains and are therefore able to promote actin nucleation through
the recruitment and assembly of multiple actin monomers [21].
Cordon-bleu induces neurite growth and branching and is en-
riched in the neuronal growth cone, suggestive of an important
role in mediating actin protrusions [63].
Mechanisms are also in place to restrain actin network
growth. Actin polymerisation at the growth cone tips can be
attenuated by capping proteins, such as epidermal growth factor
receptor pathway substrate 8 (Eps8) [64]. Additionally, actin-
monomer-binding or ‘sequestering’ proteins, including profilin
and b-thymosin, restrict cellular G-actin availability to minimise
spontaneous actin nucleation or polymerisation events [2,4].
However, both profilin and b-thymosin also positively support
growth cone actin dynamics, by helping to localise G-actin to
the dynamic, protruding edge [16,65]. Furthermore, profilin ‘re-
freshes’ the G-actin pool, mediating the conversion of ADP-actin
to polymerisation-competent ATP-actin and also interacts with
numerous other actin regulators, connecting these regulators
with actin monomers [2,4,58]. The Ena/VASP family accelerate
the elongation of existing actin filaments, and furthermore,
when these proteins are clustered at the cell surface and can
act cooperatively, this process is able to proceed unhindered
by the presence of capping proteins [66]. Ena/VASPs arer Ltd All rights reserved
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cortical neurons and mice lacking these proteins display cortical
fibre tract defects as a consequence of impaired neuritogenesis
[67,68]. Although they perform opposing roles in actin filament
elongation, both Eps8 and Ena/VASPs contribute to the bundling
of parallel actin filaments, a function also carried out by some for-
mins as well as by actin crosslinkers that can bind along the
length of F-actin, such as fascin, fimbrin and epsin [2,4]. Larger
actin-crosslinking proteins, including a-actinin and filamin, sup-
port more network-like actin arrangements [2,4]. The post-trans-
lational modification of F-actin adds an additional level of actin
network regulation (reviewed in [69]).
The unusually large growth cones of Aplysia bag cell neurons
have provided the principal model system for the study of growth
cone structure and dynamics [15,70–76]. The simultaneous as-
sembly of actin filaments at the growth cone edge and disas-
sembly from pointed filament ends throughout the P-domain
generate a continuous actin turnover refered to as ‘treadmilling’
(Figures 1A and 3A) [3,15]. The transition zone (T-domain), lying
between the P- and C-domains of the growth cone, comprises
contractile arcs, enriched in actin and the myosin II motor
protein, in particular the myosin IIB isoform [70,73,77]. These
structures are responsible for exerting rearward forces on the
P-domain actin network, leading to buckling and subsequent
severing of the T-domain-localised proximal ends of radially
orientated F-actin bundles, in addition to the contraction of
adjoining lamellipodial regions. F-actin disassembly is mediated
by a collection of actin-binding proteins that can facilitate actin-
filament depolymerisation or severing, such as those belonging
to the Mical and actin-depolymerising factor (ADF)/cofilin
families [78,79]. The actin monomers subsequently generated
can then be translocated, either by diffusion or active transport,
towards the cell edge and re-incorporated into polymerising fil-
aments, thus completing the actin treadmill [16,65,76]. Polymer-
ising F-actin filaments at the edge of the growth cone, which can
be modelled as elastic Brownian ratchets, produce a protrusive
force upon the cell membrane [80]. A rearward actin movement
or ‘retrograde flow’ is generated by forces opposing actin
polymerisation, including the resulting membrane tension and
T-domain actomyosin contractility. Resistance to the buckling
and breaking of filaments upon T-domain actin disassembly
meanwhile offers an opposing drag force [15]. Upon coupling
of the intracellular actin network with an external substrate, via
the engagement of cell adhesion or ‘clutch’ molecules, the re-
trograde flow is attenuated [3,27,71,74,81,82]. Actin-network
rearrangements subsequently occur in a corridor between the
adhesion site and the T-domain, offering a path of reduced resis-
tance to facilitate the bulk advance of C-domain microtubules
and growth cone protrusion (discussed further in the Coordi-
nated Actin–Microtubule Dynamics section) [3,71,74,81,83,84].
Typical growth cone structures are lost upon the extended
disruption of actin dynamics [79,85] and, although the resultant
neurite-like processes demonstrate rapid elongation, thereby
showing that microtubule-based forces can support neurite
growth, they cannot respond to external cues and the growth
is undirected [86,87]. This highlights the importance of actin–mi-
crotuble crosstalk for full neurite functionality.
Recent studies have emphasised thepotential spatial and tem-
poral control that multiple actin regulators acting in concert mayCurrent Biology 25, R677–offer. For instance, synergy between the actin-nucleation factor
adenomatous polyposis coli (APC) and diaphanous-related for-
min 1 (Dia1) during actin-filament assembly has been reported,
forming the basis of a ‘rocket-launcher’ mechanistic model
[88,89]. After an initial tripartite nucleation complex comprising
APC, mDia1 and actin is formed, APC remains stably bound to
the pointed end of the growing F-actin filament, while mDia1
tracks the growing barbed end, protecting it from capping pro-
teins and recruiting profilin-bound G-actin units to facilitate
polymerisation. As the authors of this study propose, could this
represent a more commonly applicable mechanism for other
pairs of proteins that promote actin assembly? It remains to
be confirmed exactly where and when such nodes of actin-regu-
lator action exist in neurons. In addition to cooperation, com-
petition between different actin regulators is also important to
consider, such as profilin-mediated competition between formin
and Arp2/3 for available sources of G-actin [90,91]. Through
increasing the elongation rate of formin-associated actin fila-
ments,whilst inhibitingArp2/3-mediateddaughter branch forma-
tion, profilin may therefore regulate the ratio of non-branched to
branched F-actin assembly [90,91].
Microtubule Dynamics
Microtubules are dynamically unstable; a continuous balance
between filament assembly and disassembly leads to periods
of growth, shrinkage and pausing [4,19,20,92]. At growing
microtubule plus ends, GTP-bound a–b-tubulin heterodimers
are added to the exposed ends of linear protofilaments, with
accompanying and/or subsequent hydrolysis of the GTP bound
to the b-tubulin subunit (Figure 1B). Lateral interactions hold
these protofilaments — typically 13 in neurons — in sheet ar-
rangements, which are slightly splayed outward at the plus end,
but nearer to the main body of the microtubule close tightly to
form the hollow cylindrical microtubule structure [19,92]. The
switch frommicrotubule growth to shrinkage is known as ‘catas-
trophe’, duringwhich lateral protofilament contacts are disrupted
such that individual protofilaments splay apart and bend out-
wards, and a–b-tubulin heterodimers are released (Figure 1B).
This has long been considered to be triggered by the loss of
unhydrolysed GTP-b-tubulin (referred to as the GTP-cap) at the
filament tip [20]. Recently, a more detailed model has been
presented, whereby the hydrolysis of GTP-b-tubulin results in
compaction of a-tubulin in the next heterodimer along the proto-
filament, generating a destabilising strain upon the microtubule
lattice that induces protofilament bending and catastrophe [23].
Polymerisation and catastrophe events occur more rapidly at
the microtubule plus end, although minus ends also exhibit
dynamic lengthening and shortening [17]. For example, stathmin
promotes microtubule instability either by sequestering a–
b-tubulin heterodimers or by binding to and destabilising ex-
posed microtubule protofilaments at both the plus and minus
ends, promoting catastrophe events [93]. The disordered tails
of a- and b-tubulin are major sites for post-translational mod-
ifications, which may either intrinsically influence microtubule
stability or regulate the binding specificities of microtubule-
associated proteins (MAPs) [18,94–96]. Acetylation of a- and
b-tubulin within the main tubulin fold adds a further level of regu-
latory complexity [97,98].Microtubules canalsobe artificially sta-
bilised through the use of small-molecule drugs thought toR691, August 3, 2015 ª2015 Elsevier Ltd All rights reserved R681
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upon GTP hydrolysis [23]. Taxol-induced microtubule stabilisa-
tion triggers axon formation in unpolarised, cultured hippocam-
pal neurons [99] and such compounds, already used for the treat-
ment of diverse human cancers [100], are now also being trialled
in animal models of spinal cord axon regeneration [101,102].
A large array of proteins termed +TIPs transiently associate
with microtubule plus ends, variously stabilising or destabilising
filament dynamics [103]. The end-binding (EB) protein family
are the prototypic +TIPs. Dimeric EB proteins compete with
each other for binding to microtubule plus ends, suppressing
the occurrence of microtubule catastrophes (Figure 1B) [104]. A
single-particle cryo-electron microscopy reconstruction of
microtubules decorated with Mal3, the fission yeast EB homo-
logue, offers an explanation for preferential EB binding to,
and potential direct stabilisation of, GTP–b-tubulin-containing
microtubule plus ends [25]. Many other +TIP proteins cannot
bind to microtubule plus ends directly, but possess either cyto-
skeleton-associated protein glycine-rich (CAP-Gly) domains or
copies of a specific sequence motif — SxIP — to enable their
interaction with EB proteins [105]. These indirectly associated
+TIP proteins are also crucial for the regulation ofmicrotubule dy-
namics and includemicrotubule-stabilising proteins,microtubule
depolymerases, motor proteins and actin–microtubule cross-
linkers [88,103,106–108]. Despite the fast exchange of +TIP pro-
teins atmicrotubule plus ends, the complex betweenmammalian
EB1 and cytoplasmic linker protein 170 (CLIP170), as well as the
related fission yeast Mal3–Tip1–Tea2 +TIP complex, have been
successfully reconstituted in vitro [109–112]. Competition be-
tween rival EB-protein-binding +TIPs has been investigated for
the EB1–CLIP170–p150Glued–dynein motor complex [113].
Such studies will continue to be vital to establish the hierachy
of +TIP-binding proteins in different biological contexts.
Many microtubule-regulating proteins interact instead with
the main body of microtubule filaments and can act to stabilise,
bundle or sever microtubules. Structural MAPs, such as MAP1b,
MAP2 and Tau, stabilise microtubules and are widely consid-
ered to mediate microtubule bundling [4,19,114]. The mecha-
nism by which they achieve these functions is not fully under-
stood, although it has been shown that the decoration of
axonal microtubules with MAPs offers protection from severing
proteins [115]. Katanin and spastin are the main neuronally ex-
pressed severing proteins and are proposed to release microtu-
bule fragments from filaments nucleated at the centrosome
[116,117]. Trafficking of such fragments along axons and den-
drites has been observed and would facilitate distal seeding of
new microtubule filaments independently of the centrosome
[118]. However, it was not known how the minus ends of these
microtubules are protected from depolymerisation. Calmodulin-
regulated spectrin-associated protein 2 (CAMSAP2) was very
recently identified as a minus-end-binding protein (–TIP) in
hippocampal neurons, stabilising the minus ends of non-centro-
somal microtubules [119]. Intriguingly, the CAMSAP/Nezha/
Patronin family of microtubule –TIPs contains a calponin homol-
ogy (CH) domain, which may enable these proteins to mediate
actin–microtubule interactions at the minus end analogously to
the role of +TIP proteins at the plus ends (see +TIPs section
below). The detailed action of –TIPs has recently been reviewed
[17] and will not be discussed further here.R682 Current Biology 25, R677–R691, August 3, 2015 ª2015 ElsevieCoordinated Actin–Microtubule Dynamics
The interaction of actin and microtubules is essential for a range
of dynamic cellular processes, including cell division, cell
motility, cell adhesion and intracellular trafficking, and has
been reported both in diverse cell types and across species
[13,14]. The importance of a force balance between actin- and
microtubule-filament systems has been illustrated, for example,
in the context of axonal stability [120]. Myosin II acts upon
cortical actin along the axonal shaft to generate contractile
forces, which must be counteracted by dynein-mediated forces
between actin and microtubule arrays to prevent axonal retrac-
tion [120]. In the neuronal growth cone, multiple modes of
actin–microtubule interaction have been evidenced [3,4,13,27]
(Figure 3). Firstly, both the actin-polymerisation treadmill and
actomyosin contractility are tightly coupled to microtubule as-
sembly and disassembly. In addition to restricting microtubule
protrusion into the P-domain, actin retrograde flow (see Actin
Dynamics section) can lead both to direct removal of microtu-
bules from the P-domain and to the rearward transport of
actin-bound microtubules upon contraction and depolymerisa-
tion of filopodial F-actin bundles (Figure 3A) [72,81,121]. During
growth cone advance, contractile actomyosin arcs, which
extend beyond the T-domain along the side of the neck of
the growth cone, exert ‘pulling’ forces to aid microtubule
advance into the C-domain and facilitate microtubule bundling
[74,75,83]. Secondly, filopodial F-actin bundles act as guides
for dynamic microtubules originating from the C-domain to
explore the P-domain of the growth cone (Figure 3B) [72,121].
Thirdly, after the initial coupling of cell-adhesion molecules to
actin, actin-mediated ‘microtubule capture’ is thought to be
important for the dynamic regulation of these adhesion sites
(Figure 3C) [81]. Together, these basic mechanisms of actin–
microtubule crosstalk can be used to rationalise growth cone
extension, retraction and turning events [3,4,83]. However, the
list of cytoskeletal-linker proteins that provide the necessary
actin–microtubule connections is not yet complete. We will
now consider, in turn, potential +TIP, structural crosslinking
and motor protein candidates, before finishing the section with
a brief discussion of cytoskeletal dynamics in an additional,
highly specialised neuronal compartment — the dendritic spine.
Many neuronal signalling pathways converge on the cytoskel-
eton [3,4,19]; however, the influence of signalling in cytoskeletal
crosstalk will not be considered further in this review.
+TIPs
How +TIPs mediate microtubule polymerisation along bundled
F-actin guides has recently been explored in a simplified in vitro
setting, using a novel ‘GFP–TipAct’ reagent thatmimics the spec-
traplakin family of +TIPs (Figure 3B, panel i) [122]. This reagent
comprises an amino-terminal GFP-tag, tandem actin-binding
CH domains, a dimer-inducing coiled-coil linker and a carboxy-
terminal, EB-protein-bindingSxIPmotif [122].Uponencountering
F-actin bundles, microtubules with EB3- and GFP–TipAct-deco-
rated plus ends demonstrated catastrophe, cross-over and
deflection behaviours, but also inmany cases exhibited a distinc-
tive ‘zippering’ effect,whereby subsequentmicrotubulepolymer-
isation proceeded in association with the actin filament. The rate
of turnover of the EB3–GFP–TipAct complex at the microtubule
plus end was reduced 3–5-fold for actin-associated micro-
tubules, presumably lengthening actin–microtubule interactionr Ltd All rights reserved
Current Biology
Reviewtimes to increase the likelihood of efficient microtubule capture
and the continuation of microtubule polymerisation. However,
further crosslinking is most likely required for prolongedmicrotu-
bule attachment and polymerisation along the actin bundle
(Figure 3B, panels ii–iv). As perhaps anticipated, it was demon-
strated that actin arrays can template developing dynamicmicro-
tubule structures in vitro, but more surprisingly the converse was
also shown, indicating that growing microtubules can pull, trans-
port and promote the bundling of F-actin to influence the devel-
opment of actin-network architectures [122]. This observation
is consistent with previous work in non-neuronal cells showing
that the engagement of microtubules with F-actin-based filopo-
dia can induce the filopodia to turn and merge with adjacent filo-
podia within the peripheral lamellipodial region [123].
The spectraplakin family are the best studied +TIPs in neurons
to also bind actin [124–127]. In addition to their EB-protein-medi-
ated association with microtubule plus ends, spectraplakins are
alsoMAPs, binding directly along themicrotubule lattice via their
growth arrest specific 2 (GAS2) domain [127], while a CH domain
facilitates actin binding (Figure 3B, panels i and ii). Short stop
(also called Shot), the single Drosophila spectraplakin, was
initially shown to be required for actin–microtubule crosslinking
during motor and sensory axon extension [125]. The non-coa-
lesced, criss-crossing microtubule arrangements observed in
Shot knockout Drosophila neurons suggest a dual function for
Shot as both a microtubule-bundling MAP and a +TIP, linking
the polymerising microtubule tip to the guiding F-actin scaffold
[126,128]. Despite potential redundancy in mammalian cells,
which contain two spectraplakin proteins, deleting just one of
these spectraplakins — microtubule–actin crosslinking factor 1
(MACF1, also called actin-crosslinking factor 7 or ACF7) — in
mouse cortical neurons led to unstable microtubules, malformed
leading processes and impaired cortical migration [129]. Defects
in directional cell migration upon the disruption of MACF1-medi-
ated actin–microtubule crosslinking had previously been re-
ported in epidermal cells, where it was suggested that MACF1
may facilitate the targeting of microtubules to focal adhesions
(Figure 3C), enabling the delivery of motor-borne cargoes to
‘relax’ these adhesions and trigger cell movement [130].
MACF1 involvement at adhesion sites in neurons has not as
yet been directly shown.
The repertoire of +TIPs continues to expand; a recent search
identified 22 novel +TIPs, including promising new candidate
microtubule–actin crosslinkers [131]. Table 1 provides exam-
ples of +TIPs with the potential to crosslink actin and microtu-
bules and for which there is evidence for neuronal expression
and function. Particularly noteworthy is APC, which, as
described in the Actin Dynamics section, is also known to
function as an important actin nucleator [88]. Could APC
localise microtubule plus ends directly to the base of freshly
nucleated actin filaments, to selectively target microtubules
to polymerising F-actin? The actin-binding, basic region of
APC interacts directly and potentially competitively with micro-
tubule filaments, so might this rather represent a mechanism
for microtubules to inhibit F-actin polymerisation? This ex-
ample illustrates the potential complexity of the interaction net-
works for large, multidomain +TIPs and it remains challenging
to dissect the contribution of individual +TIP functions to in vivo
phenomena.Current Biology 25, R677–Other Modes of Crosslinking
While +TIPs can mediate the initial contact of polymerising mi-
crotubules with actin filaments, proteins binding to the main
body of themicrotubule aremost likely required tomaintain actin
association. Few single-protein crosslinkers, containing both
actin- and microtubule-binding domains, have been proposed
that may perform this function, however (Figure 3B, panel ii
and Table 1). One candidate protein is MAP2c, a classical struc-
tural MAP that binds both cytoskeletal partners and has been
shown to initiate neurite formation in differentiated neuroblas-
toma (N2a) cells, by mediating microtubule bundling and trig-
gering lamellipodial rearrangements [114]. Plectin is well estab-
lished as a neurofilament-crosslinking protein, additionally
containing domains capable of actin and microtubule binding,
although a direct role in mediating two-way or even three-way
cytoskeletal coordination has yet to be thoroughly investigated
[132]. Protein complexes crosslinking actin and microtubules
may facilitate the concerted action of proteins containing a bind-
ing domain for only a single cytoskeletal component and offer
additional regulatory mechanisms (Figure 3B, panel iii and Table
1). For example, at high concentrations the MAP doublecortin
(Dcx) mediates actin–microtubule interactions in vitro [133], but
at lower concentrations Dcx only demonstrates this activity in
the presence of the actin-binding protein spinophilin (Spn),
also known as neurabin-2 [134]. Spn also recruits protein
phosphatase 1 (PP1) to the complex, which dephosphorylates
and activates Dcx. Dcx, Spn and PP1 are colocalised at the
region bordering the axonal shaft and the growth cone C-
domain, and disruption of any of these proteins results in disor-
ganised microtubules in the axonal shaft and increased neurite
branching [134].
The formin family of actin nucleators contain both actin- and
microtubule-binding domains and regulate microtubule dy-
namics in non-neuronal cells [58,135]. Diaphanous-related for-
min mDia2 constructs that lack actin-polymerisation activity
are able to stabilisemicrotubules; however, directedmicrotubule
polymerisation towards and stabilisation at the cell periphery are
lost [135]. The actin-binding FH2 domain of many formin family
members interacts withmicrotubules, albeit with reduced affinity
compared with actin binding, while the carboxy-terminal region
of mDia2 also binds microtubules and is important for inverted
formins 1 and 2 (INF1 and INF2) to mediate microtubule bundling
[135–137]. Therefore, the analysis of potential competition be-
tween cytoskeletal filaments for binding to individual formins is
complicated and is highly likely to be further influenced by other
actin- and microtubule-associated factors in vivo. The function
of the Drosophila formin Cappuccino in ooplasmic streaming
[138] is one of very few studies to date demonstrating formin-
mediated actin–microtubule crosstalk in vivo and further work
in the nervous system is required.
Motor-Protein-Mediated Interactions
The tubulin isotype composition and post-translational modifica-
tion of microtubules (discussed in the Microtubule Dynamics
section) have been shown to regulate the velocity and processiv-
ity of motor proteins in vitro [139]. In neurons, variations in the
levels of individual microtubule post-translational modifications
between subcellular compartments can help to target motor
proteins preferentially to either the axon or the dendrites, con-
tributing to the establishment of an asymmetric distribution ofR691, August 3, 2015 ª2015 Elsevier Ltd All rights reserved R683
Table 1. Examples of neuronal actin–microtubule crosslinking proteins and complexes.
Protein Microtubule binding Actin binding
Examples of processes for which
crosslinker is required
+TIPs
Spectraplakins:
Bpag/dystonin and ACF7/
MACF1 in mammals
Short stop/Shot in Drosophila
Vab-10 in C. elegans
EB-associated +TIPs
Bind along microtubule lattice
via growth arrest specific 2
(GAS2) domain
Direct binding via calponin
homology (CH) domain
Motor and sensory axon extension
in Drosophila [125,126,128]
Axon extension in mouse cortical
neurons [126]
Cortical migration of pyramidal
neurons in mice [129]
Cytoplasmic linker associated
(CLASP) proteins
EB- or CLIP-associated +TIPs
Also bind to the microtubule
lattice
Direct interaction via the amino-
terminal tumour overexpressed
gene (TOG) domain or the
central ‘basic’ region
Colocalisation of CLASP2a and
b-actin in the growth cones of
Xenopus spinal cord neurons [162]
Opposing effects upon axonal
growth observed for microtubule
plus end versus lattice interactions
in mouse cortical and DRG neurons
[163]
Cytoplasmic linker protein 170
(CLIP-170) - ‘IQ’ motif-
containing GTPase-activating
protein 1 (IQGAP1)
CLIP-170 is an EB-associated
+TIP
CLIP-170 also binds the
microtubule lattice
IQGAP1 binds actin via amino-
terminal CH domain
Dendritic arborisation in rat
hippocampal neurons [164]
p140Cap - Cortactin p140Cap is an EB3-associated
+TIP
Cortactin binds F-actin and
mediates actin polymerisation
Dendritic spine morphology and
synaptic plasticity in hippocampal
neurons [35]
Direct protein crosslinkers
Microtubule associated protein
2 (MAP2)
Binds microtubules through
carboxy-terminal Tau/MAP
domains
Binds actin via the microtubule-
binding region
MAP2c mediates the initiation of
neurite formation in N2a and primary
hippocampal neurons [114]
Coronin/POD-1 POD-1 contains a region with
MAP1B sequence homology (not
present in all coronin proteins)
Charged surface of the WD40
b-propeller binds F-actin
POD-1 is required for correct growth
cone targeting in Drosophila
motorneurons [165]
Crosslinking complexes
Doublecortin (Dcx)–spinophilin
(Spn, or neurabin 2)
Dcx contains tandem tubulin-
binding domains
Dcx dephosphorylation by
protein phosphatase 1 (PP1)
enhances Dcx-mediated
microtubule bundling [134]
Spn binds F-actin
Dcx at high concentrations binds
F-actin
Dcx–Spn–PP1 complex mediates
microtubule organisation along the
axonal shaft and at the growth cone
neck inmouse cortical neurons [134]
Dendritic spine Spn/neurabin
complexes recruit the microtubule-
associated RhoGEF Lcf, leading to
actin rearrangements and the
modification of spine morphology
[166]
Drebrin–EB3 EB3 is a +TIP
Drebrin is predominantly located
in growth cone T-domain [106]
Drebrin binds actin directly via
an amino-terminal actin-
depolymerising factor homology
(ADF-H) domain
Neuritogenesis in rat cortical
neurons [106]
Leading process formation in
embryonic chicken oculomotor
neurons; drebrin knockdown leads
to migration defects [167]
Motor-protein-mediated complexes
Lissencephaly 1 (Lis1)–
dynactin–dynein
Neuronal cell adhesion molecule
(NCAM)–dynactin–dynein
Dynactin is an EB-associated
+TIP
Dynein is a microtubule minus-
end-directed motor protein
Lis1 modulates Rho GTPases,
which in turn regulate F-actin
polymerisation
Dynactin interacts with
components of the actin cortex
(e.g. NCAM)
Dynein, dynactin and Lis1 colocalise
at the leading edge of the growth
cone in chicken DRG or rat
hippocampal neurons and are
required for microtubule P-domain
protrusion [143]
Disruption of dynactin–NCAM
interactions in cortical neurons
reduces synapse density [144]
(Continued on next page)
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Table 1. Continued
Protein Microtubule binding Actin binding
Examples of processes for which
crosslinker is required
Potential neuronal crosslinkers
Adenomatous polyposis coli
(APC)
EB-associated +TIP
Binding along microtubule lattice
via carboxy-terminal ‘basic’
region
An actin nucleator, binding actin
directly via a carboxy-terminal
‘basic’ region
Non-neuronal functions include
mediating +TIP–actin cortex
interactions to anchor and orientate
the mitotic spindle [13]
Formins, including:
mDia2
Inverted formins (INF1/2)
Cappuccino in Drosophila
Microtubule binding via formin
homology 2 (FH2) domains or
carboxy-terminal regions
Important regulators of F-actin
elongation
Cappuccino mediates microtubule–
actin interactions during oogenesis
in Drosophila [138]
Tau Binds to microtubules through
carboxy-terminal Tau/MAP
domains
Recombinant Tau does not
directly bind actin [168]; any
direct interaction is likely
regulated by post-translational
modification
Tau induces bundling of actin
filaments in vitro [169]
Actin rods (Hirano-like bodies) are
formed in the brains of Drosophila
strains used to model tauopathies
[169]
N.B. The categories in this table correlate with the four modes of actin-mediated microtubule guidance illustrated in Figure 3B. Several candidate
neuronal crosslinkers likely (but not yet directly demonstrated) to be involved in actin–microtubule interactions in a neuronal context are also listed.
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Reviewimportant regulators of neuronal polarity [11,31,92,96,140]. For
instance, it has been proposed that axonal trafficking of kine-
sin-1 is regulated through a combination of preferential motor
binding to detyrosinated versus tyrosinated microtubules, and
the lower tyrosinated/detyrosinated microtubule ratio in the
axonal initial segment compared with the somatodendritic neu-
ronal compartment [140]. Switching of cargoes between micro-
tubule- and actin-transport networks has also been demon-
strated, suggesting that these are not discrete systems [141].
After postsynaptic GABAA receptor internalisation, the transport
factor muskelin mediates retrograde receptor transport to sort-
ing endosomes via both myosin motor proteins on actin and
dynein motor proteins on microtubule tracks [141]. The identifi-
cation of further adaptor proteins will be crucial to determine
whether actin–microtubule track switching is a more common
facet of neuronal trafficking.
While microtubules provide the tracks upon which kinesin and
dynein travel to deliver cargoes throughout the cell, there is evi-
dence that thesemotor proteins can in turn regulate track assem-
bly [19,92]. For example, in non-neuronal cells cortical dynein
located just below the cell membrane captures peripheral micro-
tubules, inducescatastropheevents andmicrotubule shortening,
and thereby generates pulling forces upon the linked microtu-
bule network [142]. In neurons, dynein has been proposed to
target microtubules to actin networks at the cell edge either
through the formation of a lissencephaly 1 (Lis1)–dynactin–
dynein +TIP complex or through interaction with the cell-surface
receptor neuronal cell adhesion molecule (NCAM) [143,144]
(Figure 3C). Analogous to the zippering of microtubules along
actin filaments (discussed in the +TIPs section), microtubules
can also engage and polymerise along other microtubules,
guided by motor-protein-containing +TIP complexes such as
EB1–APC–kinesin2 [145–147]. This complex is required for the
persistence of minus-end-out (i.e. away from the cell body)
microtubule directionality in the dendrites of Drosophila neurons
(in contrast to mixed polarity in cultured mammalian neuron
dendrites (Figure 2C)), although the mechanism used to initiallyCurrent Biology 25, R677–establish this polarity has yet to be unequivocally established
[145]. Kinesin1-mediated microtubule–microtubule sliding can
additionally generate forces crucial for neurite initiation in cul-
tured Drosophila neurons [148]. Finally, actin itself has been
shown tobe important for the anterograde axonal transport ofmi-
crotubules, especially in regions of lowmicrotubule density [149].
Dendritic Spines
To finish, we will briefly review recent insights gained from
high-resolution imaging of dendritic spines and compare the
observed cytoskeletal structure and dynamics with those of the
growth cone (Figure 4). A clutch-like mechanism between N-cad-
herin adhesions and actin flow, similar to that in the growth cone
[3,27,82], has been reported in dendritic spines [150]. The attenu-
ation of retrograde actin flow in dendritic filopodia-like structures
upon transcellular (axon–dendrite) N-cadherin adhesion and
engagement of the intracellular actin network is proposed to be
key to their maturation into enlarged spines. Within mature den-
dritic spines of cultured rat hippocampal neurons, where the
clutch is fully engaged, the movement of actin was consequently
shown to be very slow relative to retrograde flow in the growth
cone and also to be non-directional [151]. In contrast to classical
protrusive structures, including the neuronal growth cone where
both actin nucleation and elongation events take place at the
leading edge (Figure 4A), in mature dendritic spines these events
were spatially separated (Figure 4B) [151]. Regulators of Arp2/3-
mediated actin nucleation — the WAVE complex and insulin re-
ceptor tyrosine kinase substrate of 53 kDa (IRSp53) — were
restricted centrally in the dendritic spine alongside the postsyn-
aptic scaffolding protein PSD-95, while finger-like spine protru-
sions were enriched in the F-actin elongators VASP and formin-
like protein-2 [151]. The authors of this study propose that the
positioning of branched F-actin nucleation regulators in the spine
centre, stabilised by interactions with postsynaptic density scaf-
folding and adhesion proteins, would allow for rapid F-actin re-
modelling following changes in synaptic activity.
In response to synaptic inputs, the strength of synaptic trans-
mission can be subject to long-term potentiation (LTP) orR691, August 3, 2015 ª2015 Elsevier Ltd All rights reserved R685
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Figure 4. Cytoskeletal dynamics in the
growth cone compared with in dendritic
spines.
Cartoon representation of an axonal growth cone
(A) and an immature dendritic spine (B), high-
lighting forces and flows generated by the actin–
microtubule cytoskeleton. In the growth cone, the
polymerisation of either bundled or branched F-
actin at the cell edge exerts a pushing force on the
plasma membrane (1). However, in developing
spines, formin-mediated F-actin elongation dom-
inates at the protrusive sites, while Arp2/3-medi-
ated actin branching occurs more centrally, near
the postsynaptic density (PSD) (1) [151]. The con-
tractile action of actomyosin networks either within
the growth cone T-domain or the spine neck
generate actin retrograde flow and oppose actin
protrusive forces (2). Retrograde flow decreases
during the maturation of dendritic filopodia into
stabilised spines and during the interaction of the
growth cone with extracellular substrates, as cell
adhesions are formed which attenuate actin flow
(not depicted) [82,150]. This facilitates increased
protrusion of dynamic microtubules into either the
dendritic spine or the growth cone P-domain
respectively (3). Further, in the growth cone,
reduced retrograde flow and the contractility of
T-domain and neck region actomyosin arcs (4)
facilitate a forwardmovement of the P-domain and
a subsequent, coordinated forward advance of
bundled C-domain microtubules (5), overall re-
sulting in the stretching and elongation of the axon
[74,75,83,84]. Membrane tension also opposes actin-mediated protrusion (6) [15]. Further means of force generation to enhance forwardmovement of the growth
cone may include the helical buckling of F-actin bundles (7) [170]. Colour scheme as for Figures 1 and 3: brown area, growth cone C-domain; peach area, growth
cone T-domain; pale yellow area, growth cone P-domain.
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Reviewdepression (LTD), and dendritic spines either enlarge or shrink
accordingly. To try to understand the structural changes that
dendritic spines undergo during LTP, a recent study monitored
their molecular composition following glutamate-induced stim-
ulation [152]. Initially (from 1 second to around 7 minutes post
stimulation), the actin-destabilising/severing protein cofilin and
subsequently actin and other actin cytoskeletal regulators,
such as actin-interacting protein 1 (Aip1) and Arp2/3, were
translocated to the spine to initiate a period of actin remodelling
and reorganisation. Between 7 and 60 minutes after stimula-
tion, the remodelling components returned to basal concen-
trations in the spines, perhaps allowing actin-crosslinking
molecules such as drebrin and a-actinin to function more effi-
ciently and stabilise the newly remodelled actin cytoskeleton.
After 60 minutes, newly synthesised PSD components were in-
corporated to consolidate the more mature spine morphology.
From this sequence of observations, a three-stage model for
dendritic spine remodelling during the early pre-protein synthe-
sis phase of LTP was proposed: reorganisation, stabilisation
and consolidation. It had earlier been shown that myosin IIB
motor proteins in the neck region of the dendritic spine are
activated following synaptic stimulation and are important
regulators of actin network dynamics during the initial ‘reorgan-
isation’ period (Figure 4B) [153]. Finally, similarly to exploratory
microtubules in the growth cone periphery, the protrusion
of microtubules into dendritic spines, stimulated by synaptic
activity, regulates the dynamics of the spine actin network
[34,35]. Therefore, multiple modes of actin–microtubule inter-
action (Figure 3) also contribute to neuronal function beyond
the growth cone.R686 Current Biology 25, R677–R691, August 3, 2015 ª2015 ElsevieConclusions
The study of neuronal cytoskeletal structures and dynamics con-
tinues to progress at pace. While work using simplified in vitro
systems and cultured cells crucially continues to identify key reg-
ulatory players, unravel molecular mechanisms and even reveal
novel cytoskeletal structures, newly emerging microscopy tech-
niques are now beginning to facilitate the investigation of these
features in vivo. In particular, the increasing depth at which sam-
ples can be imaged eases the study of both intact fixed tissue
samples and also of living organisms [154–158]. One significant
remaining challenge is to access obstructed regions of the live
nervous system to enable high-resolution imaging over longer
timescales and therefore allow the investigation of cytoskeletal
dynamics over the time course of a specific neuronal process,
such as axonal growth or synapse formation.
Recent work has offered further mechanistic insight into actin–
microtubule crosstalk within the neuronal cytoskeleton and the
array of components proposed to regulate actin–microtubule in-
teractions continues to expand. This research topic provides an
excellent illustration of the complexity of the neuronal cytoskel-
eton. In addition to playing an integral part in many cellular
processes, the architecture and dynamics of the cytoskeleton
are in turn influenced by these same processes. For example,
while the interaction of extracellular cues with cell-surface re-
ceptors triggers intracellular signalling cascades leading to
cytoskeletal remodelling, conversely actin dynamics may also
regulate the organisation of cell-surface receptors in the cell
membrane [159,160]. Hence, it is important not to consider the
neuronal cytoskeleton as an isolated system, but in the context
of the cell and its wider environment. A more comprehensiver Ltd All rights reserved
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Reviewunderstanding of the neuronal cytoskeleton therefore necessi-
tates a truly interdisciplinary approach, incorporating the latest
technologies and developments from diverse fields.ACKNOWLEDGEMENTS
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